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Abstract
Throughout their lives all cells constantly experience and respond to various mechanical forces.
These frequently originate externally but can also arise internally as a result of the contractile actin
cytoskeleton. Mechanical forces trigger multiple signaling pathways. Several converge and result
in the activation of the GTPase RhoA. In this review we focus on the pathways by which
mechanical force leads to RhoA regulation, especially when force is transmitted via cell adhesion
molecules that mediate either cell-matrix or cell-cell interactions. We discuss both the upstream
signaling events that lead to activation of RhoA, as well as the downstream consequences of this
pathway. These include not only cytoskeletal reorganization and, in a positive feedback loop,
increased myosin-generated contraction, but also profound effects on gene expression and
differentiation.
Introduction
All cells are exposed to mechanical forces and to a greater or lesser degree respond to these
forces. In the vertebrate body, cells experience different types of force according to their
tissue location. For example, endothelial cells lining blood vessels, as well as epithelial cells
lining certain ducts or cavities, experience mechanical force from the passage of fluid over
the cell surface. Cells in the skeletal system (bone and cartilage) but also many other cells
are exposed to compression. Throughout most tissues, cells experience varying degrees of
tension, which can arise from external forces or from within the cell as a result of
actomyosin contractility. It is important to note, however, that the very high tensional forces
experienced by some tissues, such as tendons and ligaments, are usually transmitted by
extracellular matrix (ECM) components such as collagen fibers and the cells within these
tissues are shielded from the tension by the ECM (1). Some forces on cells may be cyclical
as experienced by cells in contact with the blood circulation, or as a result of rhythmic
activities such as breathing or walking, whereas other cells experience sustained force for
varying periods of time.
Experiments exploring how cells respond to different types of mechanical force go back a
long way. For example, in early experiments stretching cells was shown to stimulate their
proliferation (2). Stretching of myotube cultures induced responses equivalent to muscle
hypertrophy (3). The growth cones of elongating neurites were found to exert mechanical
force (4) and to respond to externally applied forces (5). Similarly, fibroblasts and other
cells were observed to generate tractional forces on the underlying substratum(6) and to be




Biochemistry. Author manuscript; available in PMC 2013 September 25.
Published in final edited form as:













able to harness these forces to orient collagen fibers (7). Application of mechanical tension
to migrating cells in culture using a microneedle inhibited extension perpendicular to the
axis of tension but allowed or even promoted extension that was parallel with the force (8).
Although research in the field of mechanotransduction has been active for many years, much
of it was focused on systems, tissues and cells that are very overtly affected by mechanical
stimuli, such as vascular endothelial cells and vascular smooth muscle exposed to flow and/
or stretch, or osteoblasts that experience compressive forces. However, during the past
decade there has been an explosion of interest in the more universal responses of cells to
mechanical forces and progress is occurring rapidly. Whether the forces are applied
exogenously on cells or are generated endogenously, they are usually transmitted to the
ECM or to neighboring cells via cell adhesion molecules. Consequently, considerable
interest has been directed at understanding the signaling pathways that are initiated in
response to mechanical forces that are applied to adhesion molecules (9). Multiple signaling
pathways have been identified, including tyrosine kinases, ion channels and GTPases (10).
One of the pathways that appears to be involved in many cells responding to mechanical
force involves activation of Rho family GTPases, particularly RhoA. In this review we will
focus primarily on the signaling pathways that lead to activation of RhoA in response to
mechanical force and we will discuss the consequences of this pathway. The reader is
directed to recent comprehensive reviews for information about mechanotransduction in
various contexts (11–16).
The Rho pathway
In contrast to most plant cells that have rigid cell walls, the mechanical properties of animal
cells are critically dependent on their cytoskeletons, consisting of microtubules, actin
microfilaments, various types of intermediate filaments and also septins (17). All of these
filament systems may contribute to the mechanical properties of animal cells, although with
respect to how cells respond to exogenously applied forces most attention has been directed
toward the actin cytoskeleton. When actin filaments are highly crosslinked they can give rise
to a relatively rigid cell cortex. However, this can be rapidly remodeled to allow cell
protrusion and changes in cell shape. The polymerization of actin filaments drives many
types of cell extension. In conjunction with myosin, actin filaments can generate contractile
forces, exerting traction on the surrounding matrix or on other cells and contributing to
major changes in cell morphology. The interaction of myosin with actin not only contributes
to the response of cells to exogenously applied forces but is responsible for generating
endogenous forces within cells.
The Rho family of GTPases are key regulators of the actin cytoskeleton. The mammalian
genome encodes approximately 20 Rho GTPases, although the three ubiquitous ones, RhoA,
Rac1 and Cdc42, are the most studied and each has distinct effects on the actin
cytoskeleton(18, 19). In the context of mechanotransduction, most effort has been directed at
determining the role of RhoA, which is the focus of this review. In large part, this reflects
the fact that RhoA regulates the activity of myosin II and consequently is responsible for
much of the intracellular tension and force that is generated within cells (20). RhoA cycles
between an inactive GDP state and an active GTP state (Figure 1). Three classes of proteins
regulate this cycle: guanine nucleotide-exchange factors (GEFs), GTPase-activating proteins
(GAPs) and guanine nucleotide-dissociation inhibitors (GDIs)(21). GEFs activate Rho
proteins by catalyzing the exchange of GDP for GTP(22) and GAPs stimulate the intrinsic
GTPase activity, leading to the return to the inactive state(23). The inactive pool of RhoA is
maintained in the cytosol by association with GDI(24) and it is in the active GTP-bound
conformation that RhoA interacts with its effectors and performs its functions (Figure 2).
With respect to regulating the activity of myosin II, the critical effector is Rho kinase
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(ROCK), which exists in two isoforms, ROCK1 and ROCK2. Both isoforms promote
myosin II activity by elevating the phosphorylation of the regulatory myosin light chain
(MLC). This occurs both directly by phosphorylation of the regulatory MLC (25) and
indirectly by phosphorylation and consequent inhibition of the MLC phosphatase (26). The
phosphorylation of the MLC promotes assembly of myosin II into bipolar filaments and
enhances the ATPase activity of myosin II. Together these effects increase the contractile
force generated by myosin II on actin filaments. ROCK also phosphorylates and activates
another kinase, LIM kinase, which in turn phosphorylates and inhibits the actin-severing
protein cofilin (27). By inhibiting cofilin’s actin severing activity, this increases the stability
of actin filaments. Active RhoA also promotes actin filament polymerization. This occurs by
RhoA binding a different effector, mDia1, which is member of the formin family of actin
nucleating factors (28) (Figure 2).
In the context of mechanical signals, one can distinguish two types of forces experienced by
cells: (1) forces which are externally applied to the cells, such as the shear stress exerted by
blood flow on the surface of endothelial cells, or (2) forces which are generated by the cell
itself with its cytoskeleton(29, 30) (Figure 3). Despite the apparent differences between
these two signals, applied forces and cell-generated forces share some similarities in their
transduction modalities and seem to regulate the same molecular mechanisms (14, 30). In
both cases, cell surface adhesions, cytoskeleton and membrane tension cooperate to transmit
forces which eventually affect the conformation of “mechanosensors” and trigger the
mechanoresponse(10, 14). Interestingly, numerous GEFs and GAPs are known to associate
with cytoskeletal and cell adhesion components, suggesting that mechanical forces can
directly affect the activity or the localization of RhoA regulators.
GEFs
Some GEFs specific for RhoA have been found to associate with the cytoskeleton and
adhesions (Table 1). Integrin-based adhesions constitute a major site of
mechanotransduction (31) and experience very diverse types of forces. For example, they
are subjected to tensional forces when the ECM is stretched or when cells are grown on rigid
substrates and generate more myosin-dependent contractility (Figure 3). Therefore, it’s not
surprising that the GEFs associated with Cell-ECM adhesions are involved in the
mechanoresponse (Figure 4A). Among them, vav2 was reported to be phosphorylated and
activated in response to cyclic stretch in mesangial cells (32). Vav2 phosphorylation
required EGFR transactivation. Depletion of vav2, as well as EGFR inhibition, prevented
stretch-induced RhoA activation (32). Applying tensional forces on fibronectin-coated beads
bound to fibroblasts, our group recently showed that force on integrins activates RhoA
through two GEFs, GEF-H1 and LARG(33) (Figure 4B). We observed that mechanical
forces induce the recruitment of GEF-H1 and LARG to the adhesions. We found that Fyn
regulates LARG activity, whereas GEF-H1 is activated by a FAK/Ras/ERK signaling
pathway. Consistent with these findings, Waterman and colleagues observed that myosin-
dependent contractility promotes GEF-H1 recruitment to Cell-ECM adhesions (34).
Interestingly, another group found that GEF-H1 is more active when epithelial cells are
grown on rigid substrates (35). This suggests that both externally applied forces and cell-
generated forces activate the same GEFs, reinforcing the idea that these two distinct
mechanical signals trigger the same signaling pathways. However, on rigid substrates, Heck
and colleagues observed that microtubule stability, and not the Ras/ERK pathway, regulates
GEF-H1 activity (35). This apparent discrepancy could be due to the difference of cell types
that were used in these studies. Indeed, working with fibroblasts another group observed that
RhoA activation in response to stretch was not affected by taxol-induced microtubule
stabilization (36), whereas in endothelial cells RhoA activation in response to stretch
requires GEF-H1 and is prevented by taxol (37).
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Cell-cell adhesions are also subjected to tensional forces which are generated by
neighboring cells or by the cell’s own contractile machinery (Figure 3). It is now clear that
tugging forces play an important role in intercellular junction maturation and growth (see
below) (38–40). Interestingly, some RhoA GEFs have been found to localize at intercellular
adhesions. GEF-H1 associates with cingulin at tight junctions (41, 42), however this
interaction was reported to inhibit GEF-H1 and RhoA. More recently, p114RhoGEF was
shown to localize at tight junctions and to activate RhoA locally, leading to junction
assembly (43). Since mechanical tension induces junction maturation (38), it would be
interesting to determine if p114RhoGEF activity is regulated by tugging forces.
GAPs
Mirroring the GEFs, some RhoA GAPs localize at adhesions (table 1) and play a role during
the mechanoresponse. DLC1 (44–47) and p190RhoGAP (48–51) associate with Cell-ECM
adhesion components. Shear stress regulates p190RhoGAP activity in a biphasic pattern in
endothelial cells (52). It was found that short term application of shear stress (<5 min)
activates p190RhoGAP through Src Family Kinase-mediated phosphorylation, but longer
application of shear stress (>30 min) induces p190RhoGAP dephosphorylation and
inactivation. This biphasic regulation of p190RhoGAP leads first to RhoA inactivation
followed by activation, similar to what has been observed during adhesion to matrix.
Interestingly, p190RhoGAP is necessary for stress fiber alignment in response to shear stress
(52). In addition, p190RhoGAP was shown to be necessary for the regulation of two
transcription factors, GATAII and TFII-I, in response to increased matrix rigidity in a model
of capillary tube formation (53). This suggests that cell-generated contractility may affect
p190RhoGAP activity, although this remains to be determined. More recently, Myo-IXA, a
single headed myosin with a GAP domain, has been shown to associate with actin at cell-
cell junctions, locally restraining RhoA activity to allow proper junction formation (54). It
would be interesting to analyze if application of tensional force on intercellular junctions
affects Myo-IXA activity or localization.
Other Rho proteins
There is extensive crosstalk between RhoA and Rac1 that contributes to processes such as
cell migration (55). In the context of mechanotransduction several pathways have been
identified, particularly where high RhoA activity and mechanical tension may depress Rac1
activity. During polarized migration it is important to confine protrusion to the front of the
migrating cell and to suppress inappropriate protrusions at other sites on a cell’s periphery.
Recent studies have implicated membrane tension generated during cell migration in the
suppression of Rac1 activity at sites away from the leading edge and in the maintenance of
cell polarity during migration (56). Several potential pathways are suggested by previous
work. In migrating leukocytes, high RhoA/ROCK activity was shown to restrict membrane
protrusion to the leading edge, in part via the LIM kinase pathway inhibiting cofilin and
thereby stabilizing actin filaments at the cell periphery away from the cell front (57). In
other work, inhibiting the Rac GAP FilGAP was found to increase membrane protrusions
around the periphery of cells (58) suggesting that this Rac GAP confines protrusion to the
cell front. Interestingly, FilGAP activity was activated by ROCK-mediated phosphorylation,
providing a mechanism by which high RhoA activity can inhibit Rac1 activity. In a
subsequent study using a reconstituted actin gel with several purified proteins, it was shown
that FilGAP dissociates from filamin A in response to mechanical tension (59). When
released it was suggested to relocate to the plasma membrane where it can act to inhibit
Rac1 activity. The related Rac GAP, ArhGAP22, is activated in cells by endogenous
mechanical force to depress Rac1 activity (60). Blocking myosin activity, either directly
with blebbistatin or indirectly by inhibiting ROCK activity, decreased ArhGAP22 activity
(60). The Rac GEF βPIX binds to Myosin II and actomyosin contractility induces βPIX
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dissociation from cell substrate adhesions (34). This contributes to Rac1 inhibition during
adhesion maturation. It seems likely that all of these mechanisms may synergize to confine
Rac1 activity and membrane protrusion to the leading edge of migrating cells and away
from regions of high mechanical tension and RhoA/ROCK activity. As a consequence of the
competitive binding to RhoGDI, increasing the binding affinity of one Rho protein leads to
the release and degradation and/or activation of other Rho proteins (61). Interestingly,
actomyosin contractility induces GDI dissociation from cell-matrix adhesions(34). However,
the mechanism of GDI recruitment to adhesions is not known.
Experimentally manipulating force
Before considering some of ways that force can be applied to cells, it is useful to consider
some of the forces that cells can exert and experience. The force exerted by a single myosin
motor is between 1 and 8 pN (62–64). (1 Newton = 105 dynes. Dynes were used for many of
the more classical measurements of force, but today Newtons are the unit of force generally
used.) The maximum tension developed by striated muscle has been calculated to be ~ 3 ×
106 dynes/cm2 (= ~300 nN/μm2), which translates to ~3 × 10−5 dynes per thin filament (i.e.
~300 pN per thin filament) (65). For cells in culture, various forms of traction force
microscopy have been used to measure the tension that they generate on their adhesions and
the substratum. Here we will consider just a few of the values that have been obtained. In
some of the first experiments investigating the force generated on the substratum by cultured
cells, Harris and colleagues calculated an approximate value of 10 nN per μm of cell length
(6). Lee and coworkers concluded that the maximum force generated by fish keratocytes
was ~20 nN (66). Using a cantilever device, Galbraith and Sheetz obtained a force of 0.2 to
4 nN/μm2 for migrating fibroblasts (67). Geiger’s lab examined the tension developed by
focal adhesions and found that the stress was proportional to the size of the focal adhesion
with a value of about 5.5 nN/μm2 (68, 69). In general, the area of a focal adhesion relates to
the diameter of the stress fiber attached to it. Consequently, because the number of force-
generating myosin molecules will relate to the diameter of a stress fiber, intuitively one
might expect there to be a constant ratio between the size of a focal adhesion and the force
that is being transmitted through it to the substratum. However, an unexpected discovery
was made by Beningo et al. who found that in migrating cells, more force was transmitted to
the substratum by small nascent adhesions at the leading edge of cells than in larger more
mature focal adhesions behind the leading edge (70). A possible resolution to the apparent
discrepancy between these two sets of results comes from the work of Chen’s lab, who have
studied traction generated by cells plated on deformable micro-posts (micro-needles) (71).
Like the Geiger lab they found that for most adhesions there was a correlation between the
size of a focal adhesion and the stress exerted at the adhesion. Indeed, they found a similar
value of ~4–5 nN/μm2. However, in their work they also found a subset of smaller
adhesions less that 1 μm2 that generated high levels of stress that did not correlate with the
size of the adhesion (71). These latter adhesions most likely relate to the adhesions studied
by Beningo et al. at the leading edge of migrating cells (70).
Manipulations of the ECM and flexible substrata can be used to mimic the tensional forces
cells experience in the body. Simply plating cells on more rigid rather than on more
compliant substrata increases the tension generated by cells on their underlying matrix due
to increased RhoA activity (see discussion below) (72). Various devices have been
developed that allow investigators to stretch cells by stretching the substratum to which the
cells are adhering. The development of culture dishes with a flexible base that can be
stretched by applying a vacuum facilitated subjecting cells to periods of cyclic stretch (73,
74). The period of the stretch as well as the degree of stretch imposed on cells can be readily
varied and a large literature now exists describing many signaling pathways that become
activated in response to cyclic stretch. Tension has also been applied to individual cells
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using glass rods or needles (8, 75). With these it is often more difficult to know the precise
force that is being applied to cells, although the amount of force required to bend a needle
by a certain angle can be determined experimentally.
Stretching or deforming a cell via a flexible substratum or by a glass rod or needle
simultaneously affects many properties, including cell shape, the cytoskeleton, as well as a
cell’s adhesion to the matrix and/or its neighbors. In order to examine the effects of tension
on specific adhesion molecules different approaches have been developed taking advantage
of optical (laser) tweezers or magnetic tweezers to exert forces on beads that are attached to
cells via specific ligands or antibodies. Wang and colleagues used ferromagnetic beads that
were attached to cells via integrin ligands (76). The beads were magnetized in one direction
and then a second magnetic field was applied at 90° inducing the beads to twist and exert a
shear force. This allowed them to show that there was a stiffening response as force was
applied and that this depended on the cytoskeleton (76). Sheetz’s group used optical
tweezers to manipulate beads similarly coated with integrin ligands or antibodies (77). They
used the optical tweezers to restrain individual beads against the force exerted by the cell. It
was observed that cells sensed the restraining force and strengthened the cytoskeletal
linkages to oppose this. One advantage of optical tweezers is that beads can be individually
manipulated with great precision, allowing them to be placed at different points on a cell’s
surface and to be moved in different directions. Optical tweezers can generate forces up to
about 500 pN, but in the higher range of forces heat generated by the laser can be
detrimental and limit the use of this approach. Whereas an advantage is the ease of
examining single cell responses, optical tweezers are not suitable for bulk biochemical
analyses of signaling pathways.
Ingber and his group used an electromagnetic microneedle to apply force on magnetic beads
coated with adhesion molecule ligands or antibodies (78, 79). With this system it is easy to
apply predetermined pulses of force on beads by turning the current on for defined periods.
The time between the magnet being on can also be varied so that the behavior of cells
responding to the cessation of force can also be examined. The magnitude of the force
generated by magnetic tweezers can be easily varied by altering the magnetic field and bead
size, resulting in forces ranging from 1 pN to 100 nN (78). This wide range of force that can
be generated is a potential advantage of the technique. However, the application of force is
unidirectional and the position of the beads relative to the cell surface is essentially random,
reflecting where the beads have dropped. However, a significant advantage of using
magnetic beads to generate force on cells is that tension can be applied to all the cells in a
dish provided that sufficient beads are added and a permanent magnet is used (80). This
facilitates biochemical analysis of signaling pathways induced by sustained force (33, 81).
The forces generated on cells using magnetic beads and permanent magnets have been
discussed in detail elsewhere (80, 82). As an example, studying the application of collagen-
coated 3 μm magnetic beads to fibroblasts growing in a 60 mm dish and using a permanent
ceramic magnet 2 cm above the dish, Zhao et al. calculated that they exerted 480 pN per cell
or 0.65 pN/μm2 (81).
A large body of work has examined the effects of flow and shear force particularly on
endothelial cells. Because of their location lining blood vessels, these are exposed and
respond to blood flow throughout their existence. Hemodynamic forces vary over a wide
range within the vasculature, but most work has focused on the arterial system because the
high flow within arteries is critical not only to their normal physiology but also is a major
factor in the pathological development of atherosclerosis. Endothelial cells experience force
perpendicular to the endothelium as a result of blood pressure and force parallel to the blood
vessel wall as a result of flow. The frictional force of blood flow generates shear stress that
acts at the surface of endothelial cells (83). This has pronounced effects on endothelial
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behavior (13, 15, 83–85). Straight regions of arteries result in laminar flow but this becomes
disturbed when a vessel curves, bifurcates or branches. The mean wall shear stress of large
arteries has been determined to be between 20 and 40 dynes/cm2 (83, 86), but much higher
values (exceeding 100 dynes/cm2) have been recorded transiently at the peak of pulsatile
flow resulting from the heart beat (87). Turbulent flow results in shear stress experienced by
the endothelium that has been calculated to vary from negative values through zero to levels
of between 40 to 50 dynes/cm2 (87). Several devices have been developed to allow the
effects of flow and shear stress to be examined on cells in culture. These include the cone
plate viscometer, in which flow is generated by the rotation of a cone above cells growing in
a culture dish (88, 89). The shear stress and whether flow is laminar or turbulent are
determined by the angle of the cone, the viscosity of the medium and speed of rotation.
Parallel plate flow chambers are frequently used to study the effects of flow on cells. In
these, fluid is pumped between two glass sheets, on one of which the cells of interest have
been cultured (90, 91). Cells can also be grown in capillary tubes through which fluid is
similarly pumped at levels determined by the investigator to mimic the desired shear forces
(92, 93). With both parallel plate chambers and capillary tubes, turbulent flow can be
generated by reversing the direction of flow or by stopping and starting flow. Shear stress
values can be generated that cover the full range experienced by arterial endothelial cells in
vivo (83, 86).
Not only can exogenously applied force be experimentally modulated, but the endogenous
forces generated by actomyosin contractility within cells can also be controlled by the
investigator. This can be achieved by directly affecting myosin activity or by modifying
upstream signaling pathways. Myosin ATPase activity can be inhibited by the drug
blebbistatin, which has become a valuable tool for cell biologists interested in decreasing
endogenous tension (94). The major limitation using this drug is that it is photo-sensitive
and therefore cannot easily be used with live cell imaging. Alternatively, the expression of
myosin II isoforms (usually myosin IIA or IIB) can be knocked down using siRNA
techniques. Given the key role of RhoA and ROCK in regulating myosin activity in cells,
contractility is often manipulated by inhibiting the RhoA/ROCK signaling pathway. Direct
inhibition of RhoA is achieved using treatment with the Botulinum exotransferase C3 which
ADP-ribosylates RhoA. Several ROCK inhibitors have been developed, but the most
frequently used experimentally is Y27632 (95). The disadvantage of perturbing the RhoA/
ROCK pathway is that contractility is only one of many downstream signaling events that is
affected, often making interpretation of results difficult. Stimulating contractility can be
induced in several ways. Expression of constitutively active RhoA drives activation of the
ROCK pathway and elevates myosin activity, but again there will be many other effects.
The level of MLC phosphorylation can also be enhanced by inhibiting phosphatase activity
pharmacologically, for example with calyculin A. This potently stimulates contractility (96),
but here too there will be many side effects. The phosphorylation state of the regulatory
MLC can also be mimicked by expression of mutant MLCs in which one or both of the
critical phosphorylatable residues (threonine18 and serine19) are mutated to aspartic acid.
These generate constitutively active forms and have been used in several studies (see for
example (97)). The difficulty with these mutants is that the dynamic nature of regulation by
phosphorylation is blocked because the myosin molecules are locked into a single activated
state.
Rigid substrata, stress fibers and focal adhesions
On substrata of different compliance, cells exhibit strikingly different behaviors. Compared
with when they are cultured on more rigid surfaces, on more compliant substrates fibroblasts
are less able to develop stress fibers and focal adhesions but migrate more rapidly (98).
Culturing cells on substrates of different compliance can also have profound effects on gene
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expression (99, 100). The behavior of cells on relatively soft substrata relates to the general
observation that in tissue culture many cells develop stress fibers and focal adhesions,
although the same cells within their host tissues rarely develop these structures (101). What
is it about tissue culture and rigid substrata that promote the formation of these structures
that often dominate a cell’s cytoskeletal appearance? In tissue culture, frequently one factor
is the presence of agents in serum such as LPA and S1P that activate RhoA (18). These
derive from platelet secretions during blood clot formation. In wound healing they probably
contribute to the contraction of cells surrounding a wound site. Notably, tissue culture has
often been likened to a wound response. However, even in the absence of serum and these
factors, many fibroblasts develop stress fibers and focal adhesions when plated on rigid
substrata coated with matrix proteins. Conversely, even in the presence of serum, cells
adhering to soft substrata are unable to assemble these structures (98). The rigidity of the
substratum is a second factor contributing to the development of focal adhesions and stress
fibers. On rigid substrata cells such as fibroblasts generate strong tractional forces to the
matrix components adsorbed to the surface of the culture dish or cover glass. The resulting
isometric tension was suggested many years ago as a factor in the development of these
structures (29). Subsequent work has shown that culturing cells on rigid surfaces elevates
RhoA activity (102, 103). The importance of tension in the development of these structures
is supported by a large body of evidence, including numerous experiments showing that
inhibiting the RhoA/ROCK pathway or myosin activity blocks the development of stress
fibers and focal adhesions, and leads to the disassembly of these structures if they have
already formed (18, 20, 104–106). The development of stress fibers and focal adhesions on
rigid substrata is the quintessential example of endogenously generated tension affecting the
organization of the cytoskeleton and cell behavior. Synergy between endogenously
generated tension and tension applied exogenously promoting the assembly of these
structures was elegantly demonstrated by Riveline and coworkers who showed that applying
tension on cells adhering to rigid substrata promoted the growth of focal adhesions (75).
In addition to endogenous tension contributing to the assembly of focal adhesions and stress
fibers, a major contribution to the activation of RhoA derives from integrin engagement with
the ECM. This is a complex biphasic response, in which integrin-mediated adhesion initially
depresses and then elevates RhoA activity (49, 107). The RhoA GEFs, p115/Lsc, LARG and
p190RhoGEF were all shown to be activated upon adhesion to fibronectin (108, 109). Both
the engagement of integrins and the mechanical tension exerted on these adhesion molecules
leads to the activation of RhoA (33, 108, 109).
ECM Compliance and gene expression
It has been known for a long time that the differentiated phenotype of many cells is often
lost when they are grown on rigid plastic substrates as opposed to being cultured on more
appropriate ECM proteins. This is particularly true when the growth and differentiation
characteristics of epithelial cells are compared between cultures growing on plastic or on
ECM components that recapitulate many of the characteristics of basement membrane (110).
Many studies revealed that the expression of differentiated genes depends not only on the
presence of appropriate growth factors but also on an appropriate ECM. For example, the
morphology and gene expression exhibited by breast epithelial cells were profoundly
influenced not only by the composition of the matrix but also its physical state. Thus it was
shown early on that culturing breast epithelial cells on floating collagen gels, which are
compliant, compared with collagen gels anchored to rigid culture dishes affected the
expression of specific genes (111).
With hindsight, many of the effects of matrix rigidity or cell shape on the differentiated
phenotype can be understood in the context of RhoA/ROCK signaling. Numerous studies
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have led to the conclusion that the level of RhoA activity affects differentiation and gene
expression (112, 113). For example, Sordella and coworkers studying the phenotype of the
p190-B RhoGAP null mouse discovered that mice lacking this major negative regulator of
RhoA activity, not only had elevated RhoA activity, but were defective in adipogenesis and
had enhanced myogenesis. They concluded that there was a Rho-dependent switch that
regulated stem cells to differentiate in a myoblast direction under conditions of high RhoA
activity but to differentiate into adipocytes under low RhoA activity (114). This work was
extended by others. For example, McBeath and colleagues using human mesenchymal stem
cells (MSCs) in culture demonstrated that their commitment into osteoblasts or adipocytes
was determined by their cell shape and that MSCs that flattened and spread became
osteoblasts whereas the same cells prevented from spreading became adipocytes (115).
These investigators found that inhibiting the RhoA pathway drove the MSCs toward the
adipocyte pathway, but activating RhoA induced the osteoblast lineage. They went on to
show that this latter pathway was mediated by the RhoA effector, ROCK, and that
expression of activated ROCK was sufficient to drive osteogenesis. Interestingly, this
occurred even when the cells were kept in a rounded state, whereas expressing activated
RhoA was not sufficient to overcome the inhibitory effect of cell rounding on osteogenesis.
These results suggested that the link between RhoA and ROCK could be uncoupled by cell
rounding. Pursuing this further, Chen’s group showed that indeed in rounded cells there was
high RhoA activity but low ROCK activity and that the level of myosin light chain
phosphorylation was similarly low. Additionally, they found that inhibiting endogenous cell
tension either by disrupting the cytoskeleton with cytochalasin or by blocking myosin with
blebbistatin also inhibited ROCK activity, although in the case of cytochalasin treatment this
decrease in ROCK activity occurred in the presence of high RhoA activity (106). Their
results suggested a positive feedback mechanism by which mechanical tension is needed to
maintain high ROCK activity. In terms of the uncoupling between ROCK and RhoA
activities, tyrosine phosphorylation of ROCK2 was shown to inhibit its activation by RhoA
(116). This tyrosine phosphorylation was found to occur in response to adhesion and likely
allows RhoA signaling to activate mDia but not ROCK, such that actin polymerization and
cell spreading are promoted but contraction is inhibited. The high activity of RhoA that has
been detected at the leading edge of migrating cells (117) has been difficult to explain in
terms of models where RhoA drives contractility but can be easily accommodated in models
where there is a regulatory bifurcation downstream from RhoA such that ROCK is inhibited
while mDia is activated. However, in the case of cell rounding leading to ROCK inhibition,
we suspect that this may involve other pathways because cell rounding is usually associated
with decreased levels of tyrosine phosphorylation for many proteins (118).
In a detailed study in which MSCs were cultured on matrices that closely related to the
compliance of their endogenous tissue environments, it was shown that soft substrata
resembling the stiffness of brain induced a neurogenic pattern of gene expression, whereas
on stiffer substrata mimicking muscle the same cells were myogenic, and on the stiffest
matrices resembling collagenous bone the cells were osteogenic (100). Significantly, it was
found that blocking myosin II activity inhibited the effects of matrix compliance on the
resulting phenotype providing further support for the importance of myosin and tension in
the sensing of matrix rigidity. Exploring how transcription may be regulated by matrix
rigidity, cytoskeletal tension and RhoA activity, Piccolo’s group examined the
transcriptional profiles of several cell types on substrates of differing compliance and
identified the YAP/TAZ transcriptional regulators as key factors in controlling the enhanced
expression of specific genes on more rigid substrates (119). Specifically, the distribution of
these factors in the nucleus or in the cytoplasm was found to be determined by rigid versus
soft matrices, respectively. Inhibiting RhoA, ROCK or myosin II activity was found to keep
YAP and TAZ in the cytoplasm, whereas active RhoA drove them into the nucleus and
induced the expression of genes associated with rigid matrices. It will be interesting in the
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future to learn how this is accomplished, but together with many of the studies mentioned
above this work establishes a pathway by which a cell responds to the rigidity or compliance
of its environment and alters its pattern of gene expression accordingly.
Tension at Cell-Cell junctions
The role of RhoA activity and mechanical tension in cell-cell junctions is complex.
Numerous studies with agents that increase endothelial permeability, such as thrombin, have
implicated both increased RhoA activity and myosin-based contractility with opening of
endothelial junctions and increased permeability (120, 121). However, other work has
indicated a role for RhoA in junction assembly (43, 122–125). Not only is RhoA activity
required for junction assembly, but several studies have shown that myosin-induced tension
downstream from RhoA can promote junction assembly (38, 126–128). These results appear
at first sight to be contradictory. We suspect that under conditions where tension is
associated with junctional disruption other factors must contribute to weakening the
junctions. Support for this idea comes, for example, from studies of HIV-induced
encephalitis in which there is increased monocyte passage across the blood/brain barrier and
disruption of endothelial tight junctions. The weakening of tight junctions was related to
ROCK-mediated phosphorylation of two tight junction proteins, occludin and claudin-5
(129). It seems likely that many agents that increase permeability and open cell-cell
junctions simultaneously increase tension while weakening the adhesive strength of the
junctional CAMs. On the other hand in situations where RhoA and increased contractility
enhance junction assembly, we assume that the signals must segregate such that the
junctional CAMs maintain their adhesive strength or increase it so that increased tension
does not break the adhesions and open gaps between the cells. With respect to the
strengthening of junctions in response to mechanical force, it was discovered that α-catenin
changes its conformation in response to tension on epithelial junctions to expose a cryptic
site that can bind vinculin (128). In parallel work, it was shown that vinculin is recruited to
adherens junctions in response to mechanical tension and that tension on E-cadherin leads to
a stiffening response that is dependent on vinculin (40). Together these studies support a
model in which RhoA-mediated tension on cell-cell junctions can have opposite effects
depending on the adhesive strength of the junctional CAMs and their associated protein
complexes.
Cadherin engagement has been found to either decrease (130, 131) or increase RhoA
activity(132–134). Differences in these results may reflect in part the different signaling
pathways initiated downstream from different cadherins. However, some of the differences
may be due to the presence or absence of force on the cadherins. Working with endothelial
cells and VE-cadherin, Nelson and colleagues observed that sustained adhesion via VE-
cadherin resulted in a peak of RhoA activity 6 hours following VE-cadherin engagement and
they provided evidence that this was dependent on tension being transmitted to the sites of
cell-cell adhesion. In contrast, the depression in RhoA activity upon E-cadherin engagement
was rapid (130). Consistent with the idea that mechanical force on the cadherin may switch
the signaling pathway from depressing RhoA activity to elevating it, we have found that
while simple engagement of E-cadherin leads to decreased RhoA activity, applying force to
the cadherins elevates RhoA activity (Marjoram and Guilluy, unpublished results). It will be
interesting to identify the GEFs that become activated in response to tension on E-cadherin.
In many situations mechanical force on cells is associated with increased proliferation.
Investigating the role of cell-cell adhesions versus cell-matrix adhesions in mechanical
signaling to induce cell proliferation, Chen’s group compared the response of endothelial
cells and vascular smooth muscle cells to mechanical force (135). Subjecting both cell types
to stretching stimulated proliferation but endothelial cells required cell-cell adhesion and
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engagement of VE-cadherin for proliferation to occur, whereas smooth muscle cells
responded to stretch by proliferation in the absence of cell-cell contact. Interestingly, the
authors found that stretching endothelial cells activated Rac1 and this was required for
proliferation. However, upon stretching smooth muscle cells RhoA activation was needed
for proliferation (135). This result is in contrast to the absence of RhoA activation found by
Schwartz’ group when smooth muscle cells were stretched, but differing conditions
probably account for the apparent discrepancy (136).
Cancer
During development, the rigidity/compliance of different regions of embryos is thought to
have a major impact on the differentiation and organization of various tissues and organs.
This view is supported by the large body of work studying cells grown in culture that
indicates the importance of the physical characteristics as well as the composition of the
microenvironment. There are also disease situations where the rigidity of tissues alters and
affects cell behavior. Examples include many solid tumors, the hardening of arterial walls
that occurs with age, atherosclerosis, and fibrotic diseases where there is increased
deposition of ECM. Solid tumors are often detected by physical palpation, an indication that
they are less compliant than the surrounding tissues. The increased rigidity of tumors not
surprisingly has been associated with increased RhoA activity and other altered signaling
pathways (103). Many epithelial cell types adopt a more normal morphology and phenotype
when grown in relatively soft 3D matrices and this is lost when the same cells are cultured
on rigid two dimensional surfaces (137). Working with breast epithelial cells in culture, it
was found that changing the compliance of the ECM alone promoted a more malignant
cancer phenotype (103). Cells grown on a stiff matrix exhibited larger colony size, increased
ERK activity, elevated RhoA activity, more focal adhesions, and greater tractional force
applied to the ECM compared to cells grown on a soft ECM. Blocking ROCK activity
caused the cells on the stiff ECM to behave more like cells grown on a compliant ECM.
Elevated RhoA-dependent signaling disrupted the normal epithelial morphology of the
breast epithelial cells, which in soft matrices grow as spheroids with a cell polarity
mimicking that found in the normal gland. On more rigid substrata the cells lost their
polarized organization and the cell aggregates failed to develop lumens. These changes are
reminiscent of the changes associated with malignancy (103, 138). Elevated rigidity has
been shown to have protumorigenic effects in other cell types as well. For example,
expression of activated forms of ROCK2 in skin resulted in increased stiffening associated
with increased collagen deposition (139). This was associated with nuclear accumulation of
β-catenin, transcriptional activation and hyperproliferation. Interestingly, when human skin
squamous cell carcinomas were examined, the majority were found to have elevated ROCK
expression and activity (139).
Mechanical tension in tumors is associated not only with increased cell proliferation but also
with enhanced invasion (140). Tumor cells migrate along aligned collagen fibrils and this is
promoted by increased mechanical tension within the tumor (141). When tumor cells move
in tissues either they migrate as cell collectives where a group of cells migrate together
while maintaining their cell-cell contacts or they migrate as individual cells (142). In the
latter situation they have been found to migrate in two distinct ways, which have been
described as mesenchymal versus amoeboid or rounded (143, 144). These two types of
migration appear to be interchangeable and the mesenchymal form can be driven to become
the amoeboid type by inhibiting proteases involved in degrading the ECM or by elevating
RhoA and ROCK activity. Conversely, the mesenchymal mode of migration is promoted by
high Rac1 but low RhoA activity (60, 142).
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The discovery that mechanical forces exerted exogenously on cells or generated
endogenously within them leads to Rho protein activation and signaling has many
implications. This pathway is important in development, preferentially driving stem cell
differentiation along one lineage versus another. With the increasing interest in potential
stem cell therapies, recognition of the impact of the physical properties of the environment is
important. However, knowing that these effects of the environment are driven by the RhoA/
ROCK pathway should permit these environmental influences to be overridden by
manipulating this signaling pathway so as to direct the differentiation of stem cells along
predetermined lines. Elucidating the signaling pathways from mechanical force to Rho
protein activation may also impact the approach to various pathologies such as fibrosis and
cancer. However, with tumors there is a red flag in that tumor cells can switch their mode of
migration from a mesenchymal type to an amoeboid type according to the relative activities
of Rac1 and RhoA. Consequently, the tempting idea that decreasing tumor cell RhoA
activity may be beneficial, leading to decreased cell proliferation and favoring a more
normal phenotype, may have unexpected consequences converting invasive tumor cells from
one migratory phenotype to another. Nevertheless, when combined with other therapies,
such as inhibiting Rac1-driven migration, targeting RhoA activity in tumors may be
advantageous. The identification of upstream signaling components such as GEFs promises
to provide novel targets for therapeutic development, not only for certain cancers but also
for other disease where mechanosensitive signaling may be involved.
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Figure 1. RhoA cycle
Like most G proteins, RhoA cycles between an inactive GDP-bound form and an active
GTP-bound form. Activation is mediated by guanine nucleotide exchange factors (GEFs)
that catalyze exchange of GDP for GTP. GTPase activating proteins (GAPs) inactivate
RhoA by stimulating intrinsic GTPase activity. GDI sequesters inactive GDP-bound RhoA
in the cytoplasm.
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Figure 2. RhoA Effector Signaling
Activated RhoA interacts with effector proteins to lead to actomyosin contracity and actin
stablization. ROCK signals by MLC phosphorylation to increase myosin II activity and LIM
Kinase to increase actin stabilization. mDia nucleates actin polymerization.
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Figure 3. Mechanical forces in cell biology
Diagram summarizing the different types of force that cells can experience. These can be
externally applied (A) or generated by the cell itself and its own cytoskeleton (B). The effect
on RhoA activity is indicated for each example. Force is a vector with magnitude and
direction that causes an object with mass to change its velocity (SI unit Newton). Stress:
force per unit of area (SI unit Pascal).
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Figure 4. RhoA GEFs and GAPs regulated by force
A. Schematic diagram showing the GEFs and GAPs whose activities are regulated by
external force or cell-generated tension on Cell-ECM adhesion.
B. Diagram showing the signaling pathways that regulate GEF-H1 and LARG activity in
response to force on integrin (33).
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Table 1
RhoA GEFs and GAPs which associate with the cytoskeleton or adhesions.
GEFs localization references
p115 (ArhGEF1) Cell-ECM adhesion (33, 108)
GEF-H1 (ArhGEF2) Cell-ECM adhesion (33, 34)
Cell-Cell adhesion (41, 42)
microtubule (145)
LARG (ArhGEF12) Cell-ECM adhesion (33, 108)
Vav Cell-ECM adhesion (146)
p190RhoGEF Cell-ECM adhesion (109)
microtubule (109)
p114RhoGEF (ArhGEF18) Cell-Cell adhesion (43)
Trio Intermediate filaments (147)
PDZRhoGEF (ArhGEF11) Cell-ECM adhesion (148)
GAPs
p190RhoGAP Cell-ECM adhesion (149)
DLC1 Cell-ECM adhesion (44)
Cell-Cell adhesion (150)
Myo-IXA Cell-Cell adhesion (54)
(151)
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